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ABSTRACT: UHRF1 plays a central role in the maintenance and transmission of
epigenetic modifications by recruiting DNMT1 to hemimethylated CpG sites via its
SET and RING-associated (SRA) domain, ensuring error-free duplication of
methylation profiles. To characterize SRA-induced changes in the conformation and
dynamics of a target 12 bp DNA duplex as a function of the methylation status, we
labeled duplexes by the environment-sensitive probe 2-aminopurine (2-Ap) at various
positions near or far from the central CpG recognition site containing either a
nonmodified cytosine (NM duplex), a methylated cytosine (HM duplex), or methylated cytosines on both strands (BM duplex).
Steady-state and time-resolved fluorescence indicated that binding of SRA induced modest conformational and dynamical
changes in NM, HM, and BM duplexes, with only slight destabilization of base pairs, restriction of global duplex flexibility, and
diminution of local nucleobase mobility. Moreover, significant restriction of the local motion of residues flanking the
methylcytosine in the HM duplex suggested that these residues are more rigidly bound to SRA, in line with a slightly higher
affinity of the HM duplex as compared to that of the NM or BM duplex. Our results are consistent with a “reader” role, in which
the SRA domain scans DNA sequences for hemimethylated CpG sites without perturbation of the structure of contacted
nucleotides.

Cell fate is dependent on epigenetic mechanisms that
regulate the expression of genes without affecting the

DNA sequence. DNA methylation patterns are epigenetic
modifications that are set during development and represent
“cell memory”. One of the first steps of cell division involves
recognition of hemimethylated CpG sites generated after DNA
replication and duplication by the maintenance DNA
methyltransferase DNMT1 of methylation profiles on newly
synthesized strands.1,2 DNA methylation allows regulation of
gene expression by inhibiting binding of transcriptional factors
to their promoters or inducing recruitment of chromatin
remodeling complexes to specific regions of the genome.3 By
being an integral mechanism of differentiation and develop-
ment, X chromosome inactivation, and genomic imprinting,4

DNA methylation constitutes a key element in the epigenetic
regulation of gene expression.
UHRF1 (ubiquitin-like containing PHD and RING finger 1)

is critical in epigenetic code transmission because it mediates
modifications of DNA and histones. UHRF1 possesses a SET
and RING-associated (SRA) domain that recognizes hemi-
methylated DNA,5−13 and a tandem Tudor domain (TTD) and
a plant homeo domain (PHD), which can read histone

modifications.14−17 By recruiting various epigenetic regulators
to specific chromatin regions, UHRF1 maintains and transmits
epigenetic information.18−20 During replication, UHRF1
contributes to the duplication of DNA methylation profiles
by loading DNMT1 to hemimethylated CpG sites, allowing
proper methylation of target cytosines on complementary DNA
strands.7,12,21−24 In line with the function of UHRF1, the SRA
domain was shown to preferentially bind hemimethylated DNA
over nonmethylated and fully methylated DNA.5−11 The
crystallographic structure of the SRA domain in complex with
hemimethylated DNA revealed a handlike mechanism that
grabs duplex DNA, nestling the flipped-out methylcytosine
within its palm.5,6,9 A short protein loop, termed the thumb,
was found inserted into the minor groove and likely promotes
methylcytosine base flipping. Opposite to the thumb, a long
loop, topped by residues Asn-Lys-Arg, termed the NKR finger,
was inserted into the major groove loop, stabilizing the other
three bases of the CpG duplex, and filling the hole created by

Received: April 18, 2015
Revised: September 10, 2015
Published: September 14, 2015

Article

pubs.acs.org/biochemistry

© 2015 American Chemical Society 6012 DOI: 10.1021/acs.biochem.5b00419
Biochemistry 2015, 54, 6012−6020

pubs.acs.org/biochemistry
http://dx.doi.org/10.1021/acs.biochem.5b00419


the flipped base. This base flipping mechanism is nonenzymatic
and confers to UHRF1 the ability to anchor DNA at strategic
positions facilitating the recruitment of DNMT1 to hemi-
methylated CpG sites.25

Poorly understood though are the dynamics of the
nucleobases in contact with the SRA domain and SRA-induced
conformational changes in hemimethylated DNA sequences
with those in their nonmethylated or fully methylated
counterparts. These dynamical properties of interaction could
provide insights into the efficiency and processivity of
epigenetic replication by this protein. To address these
questions, we investigated the interaction of the UHRF1 SRA
domain with 12 bp duplexes substituted at various positions
with 2-aminopurine (2-Ap). The 2-Ap is a fluorescent analogue
of adenine that can be incorporated within DNA to substitute a
natural base, playing the role of a fluorescent reporter that does
not significantly disturb the DNA structure or the interactions
of DNA with proteins.26−38 This probe is highly sensitive to its
microenvironment, especially to stacking interactions, providing
information about its local environment.39−44 In our study, the
introduction of 2-Ap at various positions allowed us to site-
specifically investigate the changes in dynamics and conforma-
tional changes accompanying SRA binding and to correlate
these changes with the known three-dimensional structure of
the SRA/DNA complex.5,6,9 Our findings suggest that SRA
domain binding preserves global duplex conformations,
inducing similar albeit minor conformational and dynamical
changes in nonmethylated, hemimethylated, and fully methy-
lated DNA.

■ MATERIALS AND METHODS
Materials. The SRA domain of hUHRF1 (SRA, residues

408−643) was expressed in Escherichia coli BL21-pLysS(DE3)
and purified as described previously.45 Unmodified or labeled
oligonucleotides (ODNs) were synthesized and purified via
high-performance liquid chromatography by IBA Gmbh
Nucleic Acids Product Supply. The sequence of the used 12
bp duplex ODN was 5′-GGGCCXGCAGGG-3′/5′-CCCTG-
YGGGCCC-3′. This sequence was either unmethylated (X = Y
= C), hemimethylated (X = 5mC, and Y = C), or fully
methylated (X = Y = 5mC). This sequence found in the RB1
gene promoter is identical to that used by Avvakumov et al.6 for
the structure determination of the SRA/DNA complex. A 2′-
deoxyribosyl-2-aminopurine (2-Ap) was selectively introduced
at different positions (3, 5, 6, 7, 8, 9, 8′, 7′, 6′, or 5′) to
substitute the corresponding natural base within the sequence.
Complementary strands were mixed in equal molar amounts in
25 mM Tris-HCl (pH 7.5), 150 mM NaCl buffer and annealed
by being heated at 90 °C and then cooled at room temperature.
Absorption spectra were recorded on a Cary 400 spectropho-
tometer. Extinction coefficients between 86500 and 135020
M−1 cm−1 were used to determine the concentrations of duplex
ODNs at 260 nm. The spectra were corrected for diffusion and
buffer absorption. All experiments were performed at 20 °C in
25 mM Tris-HCl (pH 7.5), 50 mM NaCl, 0.5 mM PMSF, and
2 mM TCEP, in the presence of 0.04% PEG 20000 to prevent
protein adsorption on the cuvette walls.46

Steady-State Fluorescence Spectroscopy. Fluorescence
emission spectra were recorded at 20 °C on a FluoroMax-3 or
FluoroLog spectrofluorimeter (Jobin Yvon) equipped with a
thermostated cell compartment. The excitation wavelength was
315 nm to excite selectively the 2-Ap. Spectra were corrected
for screening effects, buffer fluorescence, lamp fluctuations, and

the wavelength dependence of the optical elements in the
emission pathway. Quantum yields of the labeled duplexes in
the absence or presence of the SRA protein were determined by
taking free 2-Ap riboside as a reference (quantum yield of
0.6838). Measurements were performed on 3 μM ODN
duplexes in the absence or presence of 4 μM SRA protein.

Time-Resolved Fluorescence Spectroscopy. Time-
resolved fluorescence measurements were performed with the
time-correlated, single-photon counting technique, as previ-
ously described.26,47,48 Excitation pulses were generated by a
pulse-picked frequency-tripled Ti-sapphire laser (Tsunami,
Spectra Physics) pumped by a Millenia X laser (Spectra
Physics). The excitation wavelength was set at 315 nm, with a
repetition rate of 4 MHz. The fluorescence emission was
collected through a polarizer set at the magic angle and a 16
mm band-pass monochromator (Jobin Yvon) at 370 nm. The
single-photon events were detected with a microchannel plate
photomultiplier (Hamamatsu) coupled to a pulse preamplifier
HFAC (Becker-Hickl) and recorded on a SPC-130 board
(Becker-Hickl). To confidently recover the fluorescence
lifetimes from the intensity decays,49 a minimum of 106

photons were collected. The instrumental response function
(IRF) was recorded using a polished aluminum reflector, and
its full width at half-maximum was ∼50 ps.
The mean lifetime, ⟨τ⟩, was calculated from the individual

fluorescence lifetimes (τi) and their relative amplitudes (αi)
according to the equation ⟨τ⟩ = ∑αiτi. The population, α0, of
dark species of 2-Ap in the labeled duplexes was calculated with
the equation α0 = 1 − τfree/(τODNRm), where τfree is the lifetime
of the free 2-Ap, τODN is the measured mean lifetime of 2-Ap
within the ODN duplex, and Rm is the ratio of their
corresponding steady-state fluorescence intensities (Rm =
Ifree2Ap/IODN). The remaining amplitudes, αic, were recalculated
from the measured amplitudes according to the equation αic =
αi(1 − α0).
Fluorescence anisotropy decay curves were recorded by

cycles of 60 s, alternatively in vertical and horizontal positions
of the polarizer, until 1.5 × 106 photons were collected on the
I∥(t) channel. The signals of both channels were then analyzed
by the following equations:
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where βi terms are the amplitudes of rotational correlation
times φi, I∥(t) and I⊥(t) are the intensities collected at emission
polarization parallel and perpendicular, respectively, to the
polarization of the excitation beam, r0 is the initial anisotropy
value, and G is the geometry factor at the emission wavelength,
determined in independent experiments. Assuming a rodlike
shape for the duplexes, we could calculate the theoretical
rotational correlation by

φ π η= L
p kT4

3

2
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where L is the rod length, p is the length to diameter ratio, η is
the viscosity, k is the Boltzmann constant, and T is the
temperature.50

Time-resolved intensity and anisotropy data were analyzed
by using both the maximum entropy method (MEM)51 and a
nonlinear least-squares analysis using a Levenberg−Marquardt
algorithm52 (kindly provided by G. Krishnamoorthy). The
values obtained by both methods were highly consistent. In all
cases, the χ2 values were close to 1, and the weighted residuals
as well as the autocorrelation of the residuals were distributed
randomly around zero, indicating an optimal fit.
Fluorescence Resonance Energy Transfer (FRET). The

SRA (408−643) domain was labeled with Cy3 (Amersham
Cy3Maleimide Monoreactive dye 5-pack) on Cys 497 and
purified by gel filtration (Superdex 200). ODNs were labeled
with Cy5 at the 5′ end (IBA Gmbh Nucleic Acids Product
Supply). Experiments were performed in 25 mM Tris-HCl (pH
7.5), 50 mM NaCl, 0.5 mM PMSF, 2 mM TCEP, and 0.04%
PEG 20000 at 20 °C. Increasing concentrations of Cy5-labeled
duplexes from 0 to 2 μM were added to a fixed Cy3-labeled
SRA domain concentration of 0.5 μM. The excitation
wavelength was 500 nm. The transfer efficiency was measured
from the relative fluorescence intensity of the donor (Cy3) in
the absence (FD) and presence of the acceptor (Cy5) (FDA)
with the equation E = 1 − FDA/FD and plotted as a function of
the duplex concentration. The experimental points were fitted
by eq 3 adapted from Didier et al.:53
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where [SRA]tot and [ADN]tot are the total concentrations of
SRA protein and duplex, respectively, EF is the final value of
FRET efficiency, and Ka is the affinity constant of the protein.

■ RESULTS AND DISCUSSION
Characterization of 2-Ap-Labeled Duplexes. To site-

specifically characterize the complexes of 12 bp DNA duplexes
with the SRA domain, the environment-sensitive probe 2-Ap
was introduced at various positions (position 3, 5, 5′, 6′, 7, 7′,
8, 8′, or 9) within the duplex ODNs. The central CpG
recognition site of the 12 bp duplexes contained either a
nonmodified cytosine (NM duplex), a methylated cytosine
(HM duplex), or cytosines methylated on both strands (BM
duplex) (Figure 1). As compared to native duplexes that
exhibited a melting temperature of 55 °C, the melting
temperatures of the 2-Ap-labeled duplexes were 10−20 °C
lower (data not shown), indicating that although introduction
of 2-Ap decreased the stability of the duplexes, their
dissociation remained negligible at the experimental temper-
ature (20 °C).
In the absence of the SRA domain, the 2-Ap emission in the

labeled duplexes was largely decreased compared to that of free
2-Ap.38 The quantum yields (QYs) were between 0.006 and
0.025 when the flanking base was a guanine (Figure 1), the
most efficient quencher of 2-Ap.54 Relatively higher QY values
were observed only at position 3 (∼0.065), probably as a result
of the weaker level of stacking of the bases with their neighbors
at the end of the duplex.55,56

At almost all positions, the QYs of 2Ap were independent of
the methylation state of the cytosines. The only exceptions

were at position 7, where the QY was 0.018, 0.027, and 0.039
for NM, HM, and BM, respectively, and at position 6′, where
the quantum yield for BM (0.025) was increased by a factor of
4 in comparison to those of HM and NM (0.006). This
indicates that the replacement of a cytosine with a
methylcytosine at positions 6 and 7′ affects the spectroscopic
properties of the 2Ap residues only in their immediate vicinity.
Fluorescence decays of 2-Ap-labeled duplexes (Figure 2A)

exhibited four lifetimes, attributed to different conformational
states (Figure 2B and Tables S1−S3). This number of lifetimes
was found to be the minimal number of lifetimes needed to
provide an adequate fit of the fluorescence decays (Figure S1).
Moreover, comparison of the QYs and lifetimes of 2-Ap-labeled
duplexes and free 2-Ap further revealed the existence of an
additional 2-Ap population corresponding to dark species (DS)
with lifetimes shorter than the detection limit of our equipment
(<0.02 ns).40,41 The population (α0) of dark species and the
populations (α1 + α2) associated with the two short lifetimes
(τ1 = 0.04−0.11 ns, and τ2 = 0.4−0.6 ns) corresponding to the
most stacked conformations of the 2-Ap54 were largely
predominant, representing 92−99% for all 2-Ap-labeled
duplexes. These large percentages indicate that like the
substituted nucleobase, 2Ap is in stacking interactions with its
neighbors within the duplex, strongly suggesting that 2-Ap
minimally perturbs the duplex structure.
This indicated that the 2-Ap residue efficiently stacked with

its neighbors inside the duplex. The only exception was at
position 3, where these populations showed a significant
decrease to the benefit of populations (α3 + α4) associated with
long lifetimes (τ3 = 2.8−3.3 ns, and τ4 = 8.3−10.4 ns). These
long lifetimes likely corresponded to unstacked or extrahelical
conformations54 that could accumulate as a result of the lower

Figure 1. Quantum yields of the 2-Ap-labeled duplexes. The 12 bp
ODN contains a single recognition site (dashed square) that is either
nonmethylated (NM duplex; X = Y = C), hemimethylated (HM
duplex; X = 5mC, and Y = C), or fully methylated (BM duplex; X = Y
= 5mC). The 2-Ap residue replaces the natural bases at the indicated
positions within the duplexes. Experiments were performed with 3 μM
2-Ap-labeled duplexes in 25 mM Tris-HCl (pH 7.5), 50 mM NaCl, 0.5
mM PMSF, 2 mM TCEP, and 0.04% PEG 20000 at 20 °C. Excitation
and emission wavelengths were 315 and 370 nm, respectively.
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stability of the duplex at its extremities.56 Interestingly, the QY
increase of the 2-Ap at positions 7 and 6′ with the methylation
state of its neighbor cytosines clearly correlated with the
increase in the (α3 + α4) population (Figure 3), suggesting that
methylation of cytosines 6 and 7′ can destabilize to some extent
its neighboring residues.
The fluorescence anisotropy decays of the 2-Ap-labeled

duplex ODNs showed two correlation times φ1 and φ2 (Figure
4 and Tables S4−S6). The shorter component, φ1 (0.19−0.61
ns), was attributed to local rotation of the 2-Ap probe.54,56 Its
high proportion (up to 91%) revealed the high mobility of the

2-Ap base, primarily in its least stacked conformations,
corresponding to lifetimes τ3 and τ4 that contribute most to
the 2-Ap emission.57 For almost all positions, the slowest
correlation time, φ2, was significantly shorter than the
theoretical correlation time (3.2 ns), calculated for the tumbling
of a rod-shaped 12-mer DNA duplex (40.7 Å in length and 20
Å in diameter), using eq 2. This indicated a significant
contribution of segmental motions and, thus, the high flexibility
of the duplexes.56

Effects of the SRA Domain on the Dynamics of the 2-
Ap-Labeled Duplexes. Next, we investigated the binding of
the SRA domain with the 2-Ap-labeled NM, HM, and BM
duplexes. In a first step, FRET experiments using the Cy3-
labeled SRA (408−643) domain and Cy5-labeled duplexes
were performed to determine the binding parameters under our
conditions (Figure 5). In line with previous studies,5−11 the
SRA domain of UHRF1 was found to exhibit a preferential
affinity for HM duplexes, with an affinity 4-fold higher than
those for NM and BM duplexes (Kd values of 0.08 μM for the
HM duplex and 0.28 and 0.25 μM for NM and BM duplexes,
respectively). Our observations are in agreement with the
previously reported weakened binding of UHRF1 to BM DNA
in comparison with that of HM DNA, attributed to the loss of
one hydrogen bond in the complex with the BM DNA.58

Interestingly, the SRA domain was also observed to bind with
a significant affinity (Kd = 0.55 μM) to DNA duplexes lacking
the CpG recognition site.8,58 Competition experiments further
revealed that the substitution of a natural nucleobase with a 2-
Ap residue only slightly decreased the SRA binding affinity
(Figure S2). This conclusion is in line with the facts that
replacement of a nucleobase with 2-Ap only minimally affects
the DNA structure26−33,35−37 and that UHRF1 has to recognize
CpG sites irrespective of their sequence context. Accordingly,
all the subsequent experiments were performed under
conditions where at least 80% of the duplexes were bound to
SRA.
Interestingly, despite the preferential binding of SRA to HM

duplexes, the fluorescence parameters were found to be
remarkably similar for all types of duplexes at the various
labeled positions (Figures 6 and 7). This suggested that the
SRA domain induced similar conformational changes in NM,
HM, and BM duplexes and, thus, bound similarly to the three
types of duplexes. Except for position 3, far from the CpG
recognition site, binding of the SRA domain to 2-Ap-labeled

Figure 2. Time-resolved fluorescence decays of 2-Ap-labeled HM duplexes. (A) Fluorescence decays of HM duplexes labeled at position 3 (black) or
8 (gray), taken as representative examples. Experiments were performed with 3 μM 2-Ap-labeled HM duplexes in 25 mM Tris-HCl (pH 7.5), 50
mM NaCl, 0.5 mM PMSF, 2 mM TCEP, and 0.04% PEG 20000 at 20 °C. Excitation and emission wavelengths were 315 and 370 nm, respectively.
(B) Time-resolved fluorescence parameters corresponding to the best fit to the fluorescence decays in panel A using the same color code as in panel
A. DS corresponds to dark species, with lifetimes that could not be resolved with our setup. The amplitude of the DS and the amplitudes of the
various lifetimes were calculated as described in Materials and Methods. Standard deviations are <25% for the lifetimes and the amplitudes.

Figure 3. Amplitudes (α3 + α4) of the two long fluorescence lifetimes
of the 2-Ap-labeled duplex ODNs. The 12 bp duplex contains a single
CpG recognition site (dashed square) that is either unmethylated
(NM duplex; X = Y = C), hemimethylated (HM duplex; X = 5mC,
and Y = C), or fully methylated (BM duplex; X = Y = 5mC). The 2-Ap
residue substitutes for the natural base at various positions within the
ODN sequence. Experiments were performed as described in the
legend of Figure 2. The mean values and standard deviations were
calculated from the data of at least two experiments.
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duplexes increased the 2-Ap fluorescence QY by 1.2−5.1-fold,
depending on the labeled position (Figure 6A). This change in
QY was accompanied by a 2−6 nm blue-shift of its maximal
emission wavelength (data not shown), indicating a slight
decrease in the polarity of the 2-Ap environment. Time-
resolved fluorescence intensity decays revealed that the SRA-
induced increase of 2-Ap QY was mainly due to an increase in
the populations of the least stacked 2-Ap conformers, which can
be seen from the changes in the (α3 + α4) values (Figure 6B).
This suggested that through van der Waals and/or hydrogen

bonding interactions of its NKR finger (Asp 489, Lys 490, and
Arg 491),5,6,9 the SRA domain slightly destabilized the
duplexes, so that the concentrations of less stacked and
extrahelical conformations increased. As these conformations,
which contribute substantially to the emission spectra of the 2-
Ap-labeled duplexes, are in contact with the SRA domain, their

environment is less polar than in the free duplexes, readily
explaining the aforementioned blue-shift in the emission
spectra. Time-resolved anisotropy decays further revealed that
SRA strongly restricted the local motion of the 2-Ap bases, as
could be seen from the decrease in β1 values (Figures 4 and 7).
The appearance of a third component, φ3 (∼17 ns), fully
consistent with the theoretical 16.8 ns value calculated for the
tumbling of a 1:1 spherical complex, suggested that the φ3
component describes only the overall motion of the complex
with no contribution of segmental motions, which are now
described by the φ2 component. Thus, the binding of the SRA
domain strongly decreased the global flexibility of all duplexes
and the local mobility of their bases at the tested positions,
likely as a consequence of the multiple contacts formed
between the SRA domain and the duplex.5−7

The binding of SRA induced the strongest changes in QY,
(α3 + α4), and β1 values at positions 7′ and 8 (Figures 6 and 7).
Data obtained at position 7′ are consistent with the three-
dimensional (3D) structure of the SRA/HM complex showing
that the protein NKR finger interacts with the base at position
7′ through a hydrogen bond.5,6,9 The strong changes in QY at
position 8, more pronounced than for position 7′, were more
unexpected with respect to the 3D structure, suggesting that
SRA could destabilize the 2-Ap at position 8 indirectly through
an interaction with the neighbor nucleobases. Interestingly,
substitution with 2-Ap of the nonmethylated cytosine at
position 6 within the CpG recognition site of the SRA domain
was observed to lead to a large decrease in the β1 amplitude
(Figure 7), suggesting a strong interaction of the SRA domain
with the nucleobase at position 6 within the SRA/NM complex.
Moreover, the SRA-induced spectroscopic changes were highly
similar to those at position 8, with (α3 + α4) values close to
10% (Table S1). As a flipping out of the 2-Ap residue at
position 6 would have been expected to lead to a much stronger
accumulation of extrahelical conformations associated with
long-lived lifetimes, the small amplitudes of the latter indicate
that the SRA domain unlikely flips out the 2-Ap residue at this
position. However, as the flipped methylcytosine at position 6
interacts with Tyr 466 and Tyr 478 residues through π-stacking
interactions,5,6,9 a similar flipping of 2-Ap at the same position
cannot be excluded. Indeed, as already reported for other
proteins, such π-stacking interactions could quench the 2-Ap
fluorescence and thus mask the observation of the base
flipping.28,59,60 Noticeably, in spite of the absence of methylated

Figure 4. Time-resolved fluorescence anisotropy decays of the HM duplex labeled by 2-Ap at position 8. (A) The anisotropy decay of 3 μM HM
duplex labeled with 2-Ap at position 8, taken as a representative example, was recorded in the absence (black) and presence (gray) of 4 μM SRA.
Experimental conditions were as described in the legend of Figure 2. (B) Time-resolved fluorescence anisotropy parameters corresponding to the
best fit to the decays in panel A, using eq 1 and the same color code as in panel A. Standard deviations are <20% for the correlation times and the
amplitudes.

Figure 5. Titration of the SRA domain by DNA duplexes using FRET
in solution. Experiments were performed in 25 mM Tris-HCl (pH
7.5), 50 mM NaCl, 0.5 mM PMSF, 2 mM TCEP, and 0.04% PEG
20000 at 20 °C. Increasing concentrations of Cy5-labeled duplexes
were added to a fixed Cy3-labeled SRA domain concentration of 0.5
μM. Mean values and standard deviations for at least three
experiments are reported on the graph. Except for the TpG duplex
(squares) where a thymine substitutes for the methylcytosine in the
CpG site of the reference sequence, the duplexes used in this
experiment contain a single CpG site that is either nonmethylated
(triangles), hemimethylated (stars), or fully methylated (circles). The
Kd values of the SRA protein for each of these duplexes are indicated
on the graph.
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cytosine on the NM duplex, the SRA domain shows a much
higher perturbation of the base at position 6 as compared to
that of the opposite base at position 7′ within the palindromic
CpG site (Figure 6). This suggests that the SRA domain is
somewhat sensitive to the base context of the recognition site,
which favors the binding of the protein on only one side of the
duplex.
The binding of SRA to duplexes with 2-Ap replacing the

bases at position 5 or 7, directly flanking the target base C6 in
the CpG recognition site, induced a similar (∼1.4-fold) increase
in fluorescence QYs in all three types of duplexes (Figure 6A).
However, the β1 values showed that the local motion of the
residue at position 5 and particularly at position 7 was less
restricted by the SRA domain in NM duplexes than in HM
duplexes (Figure 7). Thus, when the cytosine at position 6 is
not methylated, the SRA less stably interacted with its flanking
nucleobases, in line with the lower affinity of the SRA domain
for the NM duplex as compared to that for the HM duplex.
Interestingly, substitution of the G6′ or G7 base with 2-Ap
resulted in changes in β1 amplitudes that were smaller for the
BM duplexes than for HM duplexes. Therefore, methylation of
the neighboring C7′ residue in BM duplexes seemed to
decrease the number of interactions of the nucleobases at
positions 6′ and 7 with the NKR finger, probably as a
consequence of a steric clash induced by the additional methyl
group.5,6,9,58 In contrast, at position 5′, the SRA domain was
found to induce more changes in QY and β1 values upon
binding to the BM duplex as compared to the HM duplex.
Thus, in complexes of the SRA domain with BM duplexes, the
position of the NKR finger seemed to be shifted, likely as a
consequence of the steric hindrance with the methyl group of

the C7′ residue. Our data are in agreement with the model
proposed by Bianchi et al.25,58 in which methylation of cytosine
7′ displaces the NKR finger, disrupting the interaction of the
SRA domain with the CpG site and slightly strengthening the
interactions with other residues.58 Thus, methyl groups on both
cytosines in the BM DNA seem to cause a steric clash that
shifts the position of the NKR finger within the DNA,
accounting for the decrease in the binding constant of the SRA
domain.5,6,9,58

Our data further revealed contacts between the SRA domain
and the bases at positions 9 and 8′ in all three types of duplexes.
However, the limited changes in QY and lifetime data at
position 9 were inconsistent with a base flipping at this position
as suggested by Hashimoto et al.9 but rather suggested a limited
conformational change in this base. Finally, in contrast to all
other tested positions, substitution of the natural base with 2-
Ap at position 3 led to no significant changes in the 2-Ap
fluorescence parameters upon SRA binding, confirming that
this base was located outside of the recognition site of the
protein and did not interact with SRA.

■ CONCLUSION

Using the 2-Ap labeling strategy to site-selectively monitor the
interaction of duplex ODNs with the SRA domain of UHRF1,
we found that the binding of the SRA domain to the
nonmethylated, hemimethylated, or fully methylated duplexes
induced similar limited changes in the local duplex structure.
Indeed, binding of the SRA domain was found to induce a
similar limited destabilization in base pairing, as well as a similar
restriction of the overall flexibility of the duplexes and the local
mobility of the nucleobases, as a likely consequence of the

Figure 6. Changes in the quantum yields (A) and the (α3 + α4) lifetime amplitudes (B) of the 2-Ap-labeled duplex ODNs upon addition of the SRA
(408−643) domain. The 12 bp duplex contains a single CpG recognition site (dashed square) that is either unmethylated (NM duplex; X = Y = C),
hemimethylated (HM duplex; X = 5mC, and Y = C), or fully methylated (BM duplex; X = Y = 5mC). Experiments were performed with 3 μM 2-Ap-
labeled ODNs in the absence or presence of 4 μM SRA domain in 25 mM Tris-HCl (pH 7.5), 50 mM NaCl, 0.5 mM PMSF, 2 mM TCEP, and
0.04% PEG 20000 at 20 °C. Excitation and emission wavelengths were 315 and 370 nm, respectively. For each position in the duplexes, the ratio of
the quantum yields (A) or (α3 + α4) lifetime amplitudes (B) of bound to unbound duplex is represented by a bar, describing the mean value ± the
standard deviation of at least two experiments.
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numerous contacts of SRA residues with the duplex observed in
the structural data of the SRA/HM complex. Together with the
modest preference of the SRA domain for HM, as compared to
NM, BM, or even a sequence missing the CpG recognition site
(Figure 5), our data are consistent with a “reader” role of the
SRA domain that could slide along a DNA duplex to scan for
hemimethylated CpG sites.18,19 This scanning occurs with
minimal perturbation in the structure of the contacted
nucleotides, as evidenced by the limited changes in the
spectroscopic properties of 2-Ap at the different positions
within the duplex. These limited changes in the structure of the
DNA duplex are fully consistent with NMR data (Protein Data
Bank entries 2ZKD, 2ZO0, 3CLZ, 3F8J, 4PW5, 2ZKE, and
2ZKF), showing that the root-mean-square deviation of all SRA
binding DNA atoms, including the CpG dinucleotide and 3 bp
up- and downstream, is 0.3 Å (data not shown).
The only significant difference observed among NM, HM,

and BM duplexes is the greater restriction of the local motion
of the residues flanking the methylcytosine in HM as compared
to the corresponding residues in NM and BM duplexes. This
stronger restriction suggests that these flanking residues are
more rigidly bound to SRA, in line with the higher affinity of
the SRA domain for HM duplexes as compared to those for the
NM and BM duplexes. Moreover, it might be suggested that
the tight interaction of the SRA domain in HM duplexes at
positions 5 and 7 together with the local conformational
changes induced on the complementary strand is instrumental
in promoting the binding of DNMT1 in the region of the
cytosine to be methylated at position 7′.25 Noticeably, as a
consequence of its low quantum yield and the large amount of
dark species in duplexes, 2-Ap may be not the most appropriate

tool for revealing fine structural changes among NM, HM, and
BM duplexes. Therefore, additional studies with other
fluorescent nucleoside analogues are in progress to further
investigate this point.
We were not surprised to find a modest difference in the

affinity of SRA for BM and HM duplexes. In fact, it is likely that
the SRA domain does not need to discriminate between HM
and BM as UHRF1 has little chance to meet BM DNA. Indeed,
UHRF1 is known to colocalize with PCNA at the replication
fork, i.e., at sites of HM DNA generation. Furthermore, it has
been suggested that the methylcytosine and the targeted
cytosine (by DNMT1) are more likely to swing out successively
from the helix, while the DNA is handed over from UHRF1 to
DNMT1.5 This supports the hypothesis that UHRF1 leaves
DNA before the catalytic methylation step.
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